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The simple structure of phosphatidic acid (PA) belies its
complex biological functions as both a key phospholipid
biosynthetic intermediate and a potent signaling molecule. In
the latter role, PA controls processes including vesicle trafﬁcking, actin dynamics, cell growth, and migration. However,
experimental methods to decode the pleiotropy of PA are
sorely lacking. Because PA metabolism and trafﬁcking are
rapid, approaches to accurately visualize and manipulate its
levels require high spatiotemporal precision. Here, we describe
recent efforts to create a suite of chemical tools that enable
imaging and perturbation of PA signaling. First, we describe
techniques to visualize PA production by phospholipase D
(PLD) enzymes, which are major producers of PA, called Imaging Phospholipase D Activity with Clickable Alcohols via
Transphosphatidylation (IMPACT). IMPACT harnesses the
ability of endogenous PLD enzymes to accept bioorthogonally
tagged alcohols in transphosphatidylation reactions to generate
functionalized reporter lipids that are subsequently ﬂuorescently tagged via click chemistry. Second, we describe two
light-controlled approaches for precisely manipulating PA
signaling. Optogenetic PLDs use light-mediated heterodimerization to recruit a bacterial PLD to desired organelle
membranes, and photoswitchable PA analogs contain azobenzene photoswitches in their acyl tails, enabling molecular
shape and bioactivity to be controlled by light. We highlight
select applications of these tools for studying GPCR–Gq
signaling, discovering regulators of PLD signaling, tracking
intracellular lipid transport pathways, and elucidating new
oncogenic signaling roles for PA. We envision that these
chemical tools hold promise for revealing many new insights
into lipid signaling pathways.

Lipids have many important functions in cells, including as
major components of membranes, compounds for energy
storage, and messenger molecules for signal transduction (1).
Lipids are typically classiﬁed by their head group and backbone, with each class containing multiple species with variable
composition of their acyl tails. Signaling lipids often have
pleiotropic effects, which can arise both from this acyl chain
diversity and also from what we term locational diversity, that
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is, the diversity of subcellular localizations that most lipids can
assume (2). In cell signaling pathways, protein localizations are
carefully regulated by various factors, and proper lipid localization — both to and within the correct membrane — is
crucial for enabling the intended lipid–protein interactions to
occur. Both the hydrophilic head group and lipid acyl chains
can be important in determining protein-binding afﬁnities (3)
and biophysical properties of lipids, such as lateral and ﬂip-ﬂop
movements in the bilayer (4, 5), which affect their localization.
As a result, it is critical to study lipids in native, cellular contexts containing their structural and locational diversity to
decipher their pleiotropic roles in signaling. Consequently,
tools that can visualize and manipulate lipid production with
high speciﬁcity, in a physiological milieu, are essential for lipid
research (6).
Phosphatidic acid (PA) is among the simplest glycerophospholipids. It mediates several functions via lipid–protein
interactions and its unique cone-shaped geometry (7–9), and
its metabolism is under a complex set of controls in
mammalian cells (Fig. 1A) (10–12). PA is produced via three
main pathways: (1) hydrolysis of phosphatidylcholine (PC) by
phospholipase D (PLD), (2) phosphorylation of diacylglycerol
(DAG) by diacylglycerol kinase, and (3) acylation of lysophosphatidic acid (LPA) by lysophosphatidic acid acyltransferase. A small amount of PA can also be formed in
certain contexts via (4) hydrolysis of N-acylphosphatidylethanolamine (NAPE) by NAPE-speciﬁc PLD and (5) hydrolysis
of cardiolipin by mitochondrial PLD (13, 14). Further metabolism of PA is catalyzed via three other pathways: (1)
dephosphorylation to DAG by PA phosphatase/lipin, (2) hydrolysis to LPA by phospholipase A, and (3) conversion to
CDP-DAG by CDP-DAG synthase. These enzymes, with their
isoform-speciﬁc localizations and acyl chain preferences (10,
15), diversify the pools of PA in cells and thus contribute to its
pleiotropy.
Several recent ﬁndings have reinvigorated the ﬁeld, helping
us to better understand PA production and metabolism,
notably the ﬁrst high-resolution structures of mammalian
PLDs (16, 17) and lipin (18). Still, many questions remain
unanswered relating to how these enzymes affect different
pools of PA and, in turn, how distinct PA pools are responsible
for various cellular functions. As is the case for other pleiotropic lipids, tools for monitoring and perturbing speciﬁc pools
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Figure 1. Overview of chemical biology approaches to image and control PA signaling. A, PA metabolic pathways in mammalian cells. B, a summary of
tools described in this article. IMPACT and RT-IMPACT visualize the active pools of PLD enzymes via ﬂuorescent phospholipid reporters produced by PLD.
Optogenetic PLD (optoPLD) and photoswitchable PA analogs enable spatiotemporal control of bioactive PA pools. RT-IMPACT can also be used for tracing
intracellular phospholipid trafﬁcking pathways. CEPT, choline/ethanolamine phosphotransferase; CL, cardiolipin; CLS, Cardiolipin synthase; CPT, choline
phosphotransferase; DAGK, diacylglycerol kinase; IMPACT, Imaging Phospholipase D Activity with Clickable Alcohols via Transphosphatidylation; LPAAT,
lysophosphatidic acid acyltransferase; MitoPLD, mitochondrial phospholipase D; NAPE-PLD, N-acylphosphatidylethanolamine speciﬁc phospholipase D; PAP,
phosphatidic acid phosphatase; PE, phosphatidylethanolamine; PLA, phospholipase A; PLC, phospholipase C; PLD, phospholipase D.

of PA would be crucial for answering these questions. However, a major hurdle is the interconnectedness of the different
PA metabolic pathways, as perturbations to individual steps
are often compensated by changes to ﬂux in other steps, much
as a blocked road in a dense urban environment results in
trafﬁc being rerouted down other streets. Therefore, to minimize interference from such endogenous, homeostatic regulation, ideal tools should meet these criteria: (1) they should
work rapidly, giving cells less time to accommodate the
changes, and (2) they should be orthogonal to cellular systems,
minimally inﬂuencing endogenous processes.
Chemical tools have the potential to shine in this arena.
Relative to genetic tools, chemical tools can have much higher
temporal resolution and, in certain cases, speciﬁcity. Smallmolecule inhibitors act more rapidly than genetic manipulations such as gene knockdown and knockout, and they can
have better orthogonality by separating catalytic functions of
target enzymes from noncatalytic roles (e.g., protein–protein
interactions). In the realm of PA metabolism, isoformselective PLD inhibitors (19) and protein-based ﬂuorescent
PA-binding probes (20–22) are very useful tools to understand
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loss-of-function effects of speciﬁc PA pools and to visualize the
total cellular population of PA. However, these tools alone do
not have enough speciﬁcity to answer several important
questions: Where are PLD-derived pools of PA, as opposed to
pools made by other routes, synthesized? How do cells regulate
PLD activity? How do distinct, spatiotemporally deﬁned pools
of PA affect speciﬁc cellular processes?
To answer these questions, we have harnessed the power of
synthetic chemistry and protein design and evolution to
develop a suite of chemical biology tools for studying PA
biology (Fig. 1B). The ﬁrst set of methods enables visualization
of the locations where PLD-derived pools of PA are produced.
These approaches, termed IMPACT, for Imaging PLD Activity
with Clickable Alcohols via Transphosphatidylation, combine
chemoenzymatic labeling and click chemistry tagging to image
and quantify the sites of PLD activity within live cells (23–26).
The second set of complementary enzyme- and small
molecule–based tools enables spatiotemporal manipulation of
PA signaling activity triggered by light (27, 28). The ﬁrst
of these uses an engineered, light-activated PLD to produce
PA at speciﬁc subcellular locations, and the second uses

ASBMB AWARD ARTICLE: Chemical biology tools to study phosphatidic acid signaling
photoswitchable PA analogs, whose shape and bioactivity is
directly controlled by a light-mediated isomerization reaction.
Throughout the review, we will highlight applications of these
tools, showcasing their ability to elucidate biological functions
of PA and, more generally, highlighting the power of bringing a
chemical biology mindset to dissect dynamic lipid signaling
pathways.

IMPACT: Tools to visualize PLD-mediated PA signaling
The functions of the two PLD isoforms primarily responsible for PA signaling, PLD1 and PLD2, are highly regulated in
space and time (29). In addition to translocating to different
subcellular locations in response to extracellular signals, PLD1
can also alter its catalytic activity through protein–protein
interactions, protein–lipid interactions, and phosphorylation
(29). Therefore, the localizations of the PLD enzymes themselves do not necessarily reﬂect the sites where they are
actively producing PA. A method to selectively reveal the locations of active PLDs would allow determination of where
these enzymes are initiating PA signaling events.

To achieve such an activity-based imaging method, we
harnessed the unusually promiscuous reactivity of PLD enzymes. PLDs produce PA via hydrolysis of PC, releasing
choline as a byproduct (30). When supplied with short,
aliphatic primary alcohols, PLDs use these instead of water as a
nucleophile to perform a transphosphatidylation of PC, where
the alcohol replaces choline as the lipid head group. This reaction is traditionally used to label the PLD-derived pools of
lipids using 1-butanol, 1-propanol, or ethanol (31). The
resulting transphosphatidylation products, termed phosphatidyl alcohols, are typically analyzed by TLC or mass spectrometry, a bulk biochemical measurement (Fig. 2A). Yet, this
lipid reporter of PLD activity is generated in situ on organelle
membranes bearing active, endogenous PLD enzymes. We
sought to develop a method capitalizing upon transphosphatidylation but which enabled detection of the phosphatidyl alcohol products within live cells. Such a method
would reveal both the localization and amplitude of PLD activity at single-cell, and even subcellular, resolution. In our
approach, termed IMPACT, primary alcohols with reactive,
bioorthogonal handles are used as PLD substrates. The lipid

Figure 2. Schematic depictions of classical PLD activity assays and IMPACT. A, classical PLD activity assay using butanol followed by the detection of
phosphatidyl butanol product by TLC or LC–MS, in combination with radiolabeling or stable isotope labeling, respectively. B, IMPACT using a
bioorthogonally tagged alcohol for subsequent ligation with a detectable tag via click chemistry. Customizable tags enable single-cell readouts (i.e.,
ﬂuorescence microscopy and ﬂow cytometry) as well as bulk biochemical analyses. C, structures of alcohols and clickable detection tags used in IMPACT and
RT-IMPACT. Asterisks denote commercial availability of IMPACT reagents. *, compounds that are commercially available, including various alkynols, azido
alcohols, and alkynyl, azido, and tetrazine-conjugated ﬂuorophores. **, compounds with similar functionalities to those used for IMPACT that are
commercially available. (i.e., though, in our studies, we have used a bicyclononyne-functionalized BODIPY dye that is not commercially available (24),
ﬂuorescently conjugated dibenzocyclooctynes, which can also react with azide-tagged biomolecules via SPAAC, are commercially available.) The scale bar
represents 10 μm. IMPACT, Imaging Phospholipase D Activity with Clickable Alcohols via Transphosphatidylation; PLD, phospholipase D.
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products with these groups are subsequently tagged with
appropriately labeled ﬂuorescent probes, enabling detection by
numerous methods.
We began by investigating primary alcohols bearing traditional click chemistry handles, alkynols and azido alcohols, and
found that both are efﬁciently accepted by PLDs (23, 24). The
resulting lipids can then be ligated to ﬂuorescent molecules
using the Cu(I)-catalyzed azide-alkyne cycloaddition or strainpromoted azide-alkyne cycloaddition reactions, which are
performed in ﬁxed or live cells, respectively (Fig. 2, B and C).
The ﬂuorescent signal in each cell can be detected by microscopy or ﬂow cytometry, both of which enable single-cell
analysis of PLD activity. Through this study, we found a
striking heterogeneity in PLD activity across the cells in the
same population (24), which could not have been previously
observed using classic butanol transphosphatidylation assays.
This ﬁnding suggests a complex regulation of PLD activity at
the single-cell level within populations and highlights the
importance of using reporters that enable single-cell analysis.
Instead of performing the click chemistry tagging reaction
in cells, we also showed that the lipid product can be isolated
and tagged in vitro for detection by HPLC, which enables a
nonradioisotope-based, precise quantiﬁcation of bulk PLD
activity (23, 24). Alternatively, the extracted lipids can be
tagged with a quaternary ammonium group, which improves
detection by electrospray ionization-based mass spectrometry,
to identify lipid species by LC–MS and determine their acyl
chain compositions (24). Because of the versatility of click
chemistry and the sensitivity of these detection methods, the
concentration of alcohol used in IMPACT is typically 1 mM,
which is low enough that the transphosphatidylation reaction
does not outcompete PLD-mediated hydrolysis. Thus,
IMPACT does not perturb endogenous PA production by
PLDs.
Moreover, in addition to simple, linear alkynols and azido
alcohols, we also found that other functionalized alcohols,
including an alkynyl choline analog and a bifunctional, photocrosslinkable diazirine alkyne alcohol, can be accepted by
PLDs at decent efﬁciencies (32, 33). The alkynyl choline analog
allowed either selective labeling of PLD activity or de novo PC
biosynthesis via the Kennedy pathway by using different labeling protocols (32, 34), making it a versatile reporter for two
different biosynthetic pathways. The diazirine alkyne alcohol
enables the creation in situ of dual-functionalized photocrosslinkable and clickable lipid reporters of PLD activity.
These lipids bear structural similarity to phosphatidyl ethanol,
a PLD-derived lipid metabolite of ethanol that accumulates in
human serum following alcohol consumption. By performing
photocrosslinking, click chemistry tagging, and enrichment of
lipid–protein complexes, we have identiﬁed several protein
interactors of these lipids as a ﬁrst step toward elucidating
potential (patho)physiological functions of phosphatidyl
ethanol and other phosphatidyl alcohols (33).
Whereas IMPACT is an effective tool to monitor PLD activity at the single-cell and bulk population levels, we made
unexpected observations when imaging the subcellular localizations of PLD activity using ﬂuorescence microscopy. We
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found that IMPACT labeling deriving from both basal and
stimulated PLD activities appeared primarily at the endoplasmic reticulum (ER) and Golgi apparatus, as well as minor
endosomal and lysosomal pools (24). Notably, no IMPACT
labeling was observed at the plasma membrane (e.g., Fig. 2B),
where PLD2 and, under certain circumstances, stimulated
PLD1 are reported to localize (29, 35). We speculated that the
lack of plasma membrane IMPACT labeling might arise from
rapid trafﬁcking of ﬂuorescent lipids between organelle
membranes occurring during the IMPACT procedure. The
reaction kinetics of strain-promoted azide-alkyne cycloaddition tagging and the need for rinsing away excess ﬂuorophore
set a lower limit for the labeling time of 20 min, and we hypothesized that, during this time, lipids potentially generated
at the plasma membrane were trafﬁcking to intracellular organelles. To solve this issue, we designed a rapid version of
IMPACT, which we have termed real-time IMPACT (RTIMPACT), by taking advantage of an alternative click chemistry tagging reaction.
We found that a bulky, hydrophilic trans-cyclooctene
(TCO)-containing primary alcohol could be accepted by PLDs,
although with a lower efﬁciency than other simple alcohols
(i.e., alkynols and azido alcohols) (25). Critically, the resultant
TCO-containing lipids could be tagged with a ﬂuorogenic
tetrazine reagent via a no-rinse, inverse electron-demand
Diels–Alder (IEDDA) reaction (36, 37), enabling their immediate visualization by confocal microscopy in real time, within
seconds of administration of the tetrazine reagent. We
screened various TCO compounds for high signal, low background, and negligible cell toxicity, and we found that trans-5oxocene (38) performed appropriately (25). A short (3–5 min)
incubation with the alcohol, followed by a real-time monitoring of the click chemistry tagging by time-lapse imaging, is
sufﬁcient to report on the PLD activity.
We then investigated if the temporal resolution of RTIMPACT is high enough to capture the sites where reporter
lipids are generated via transphosphatidylation before their
trafﬁcking to other organelle membranes (25). Excitingly, RTIMPACT–derived reporter lipids were found predominantly at
the plasma membrane when endogenous PLDs were stimulated with a phorbol ester, a strong stimulus of PKC, which
activates PLDs at the plasma membrane (39). Strikingly, when
we observed the fate of these ﬂuorescent lipid reporters by
time-lapse imaging over the next few minutes, we observed
their rapid trafﬁcking from the plasma membrane to the ER,
and subsequently to the Golgi complex (Fig. 3B). Kinetics
studies revealed that the trafﬁcking of reporter lipids occurred
more rapidly after the click chemistry tagging step, suggesting
that the change in the head group upon IEDDA tagging to
introduce the BODIPY moiety accelerated the phospholipid
trafﬁcking rate. Interestingly, the reporter lipids were internalized via apparent nonvesicular pathways rather than
endocytosis, because the ﬁrst intracellular destination of the
IMPACT-derived ﬂuorescent lipids was the ER, not endosomes. Thus, this ﬁnding not only highlights the importance of
a rapid method for visualizing PLD-derived lipid probes but
also suggests the application of RT-IMPACT for directly
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Figure 3. Applications of RT-IMPACT to visualize PLD signaling and intracellular phospholipid transport. A, RT-IMPACT reveals intracellular PLD
activity downstream of PDGF receptor signaling, a prototypical receptor tyrosine kinase pathway. B, RT-IMPACT as a tool to visualize the rapid trafﬁcking of
BODIPY-tagged phosphatidyl alcohol reporters initially produced at the plasma membrane to internal organelle membranes. The time-lapse images are
from 9, 30, and 75 s timepoints, respectively, of the ﬂuorogenic click chemistry tagging reaction. C, RT-IMPACT reveals plasma membrane-associated PLD
activity downstream of the muscarinic M1 receptor, a prototypical Gq-coupled GPCR. Confocal microscopy images are reproduced with permission from
(25). The scale bars represent 10 μm. IMPACT, Imaging PLD Activity with Clickable Alcohols via Transphosphatidylation; GPCR, G protein-coupled receptor;
PDGF, platelet-derived growth factor; PLD, phospholipase D.

imaging and probing mechanisms of intracellular phospholipid
transport.
Having validated RT-IMPACT, we set out to apply it to
evaluate the subcellular localizations of PLD activity elicited by
different physiological stimuli. PLD enzymes can receive input
from multiple classes of cell-surface receptors, including G
protein-coupled receptors (GPCRs) and receptor tyrosine kinases (RTKs) (35, 40). Both GPCRs and RTKs can stimulate
PLDs via activation of several different intermediary, intracellular effectors, including those from the PKC, Rho GTPase,
and Arf GTPase families (16, 41–43). As a result, they both
lead to PLD-mediated PA biosynthesis but cause different
physiological effects on cells. By performing RT-IMPACT with
selective activators of GPCR and RTK signaling, we identiﬁed
marked differences in the locations of PLD activity between
two treatments (25). Stimulation of the M1 muscarinic receptor, a prototypical Gq-coupled GPCR, resulted in clear
plasma membrane-localized IMPACT labeling, whereas stimulation of the platelet-derived growth factor receptor, a prototypical RTK, resulted in IMPACT labeling on predominantly
intracellular membranes (Fig. 3, A and C). These results
demonstrated that RT-IMPACT possesses the appropriate
spatiotemporal resolution to pinpoint the diverse subcellular
locations of endogenous PLD activity.
We have recently carried out additional studies that capitalize
upon the single-cell and subcellular-level resolution of IMPACT
and RT-IMPACT. The combination of IMPACT-based ﬂuorescent labeling with ﬂuorescence-activated cell sorting (FACS)
is particularly powerful, as it enables enrichment of cells from a
mixed population with high or low PLD activity. We envision
applications to combine this tagging-and-enrichment strategy
with single-cell technologies or other perturbations to understand the nature of cell-to-cell variance of PLD signaling that we
have observed in a cancer cell line (24). Separately, we have
recently used IMPACT-enabled FACS enrichment as a

phenotypic selection step in a genome-wide CRISPR interference screen to elucidate new regulators of PLD signaling
(Fig. 4A) (44). At a mechanistic level, these studies revealed
glycogen synthase kinase 3 as a positive regulator of PKCmediated PLD signaling via effects on de novo gene expression. Going forward, these and other IMPACT-enabled CRISPR
screens have the potential to reveal new regulatory circuits
controlling PLD signaling. Further, this work illustrates how our
bioorthogonal, activity-based ﬂuorescent tagging tool can
expand the power of genome-wide CRISPR screening to elucidate mechanisms regulating a speciﬁc enzyme-driven signaling
pathway in mammalian cells.
At the subcellular level, RT-IMPACT is poised to reveal
long-sought answers to questions about the subcellular locations where PLD signaling takes place downstream of different
stimuli. Initially, we examined these localizations for only a
handful of stimuli, including the pleiotropic phorbol 12myristate 13-acetate and well-established, canonical pathways
such as a Gq-coupled GPCR (muscarinic M1 receptor) and an
RTK (the platelet-derived growth factor receptor) (25). Many
other agonists have been reported to activate PLDs (29), and
an understanding of the localizations of particular PLD isoforms downstream of these stimuli would reveal important
mechanistic information in these pathways. Toward this end,
we recently used RT-IMPACT to carry out a mechanistic
examination of the spatiotemporal dynamics of Gq signaling
downstream of the parathyroid hormone receptor (Fig. 4B)
(45). This GPCR, important in development and multiple
diseases, signals via both Gs and Gq, and whereas the former
can signal noncanonically from endosomes following internalization (46), the localization and kinetic behavior of the Gq
pathway remained unknown. We validated RT-IMPACT as a
faithful and selective reporter of Gq signaling and determined
that such signaling occurs transiently and exclusively at the
plasma membrane, upstream of sustained intracellular Gs
J. Biol. Chem. (2022) 298(4) 101810
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Figure 4. Applications of IMPACT and RT-IMPACT to understand PLD-mediated cell signaling. A, IMPACT-enabled CRISPR screens have the potential to
reveal new regulatory circuits controlling PLD signaling. CRISPRi cells expressing a dead Cas9–KRAB fusion and one member of a genome-wide sgRNA
library are labeled with IMPACT, followed by FACS-based enrichment of the IMPACT-high and IMPACT-low cell populations. Cells with a higher extent of
IMPACT labeling contain sgRNAs targeting putative PLD-inhibitory genes, and those with lower levels of IMPACT labeling contain sgRNAs targeting putative
PLD-activating genes. Identities of such putative PLD inhibitors and activators are determined by next-generation sequencing of sgRNAs in enriched
populations relative to each other or unsorted cells. B, RT-IMPACT enables visualization and quantiﬁcation of the subcellular locations and duration of PLD
signaling elicited by different stimuli. PTH-induced activation of PTHR1 leads to two separate downstream signaling pathways, Gs and Gq, that are
spatiotemporally controlled. RT-IMPACT can be used to dissect the two signaling events by selectively revealing PLD activation that occurs downstream of
Gq signaling. FACS, ﬂuorescence-activated cell sorting; GPCR, G protein-coupled receptor; IMPACT, Imaging PLD Activity with Clickable Alcohols via
Transphosphatidylation; PLC, phospholipase C; PLD, phospholipase D; PTHR1, parathyroid hormone receptor.

signaling. We anticipate future applications of RT-IMPACT as
a complementary tool to Ca2+ imaging for visualizing and
quantifying GPCR–Gq signaling pathways.

Controlling PA signaling with light using optogenetic
PLDs and photoswitchable PA analogs
A key complement to tools for visualizing spatiotemporally
distinct pools of PA are approaches for perturbing these pools,
with the goal of ascribing speciﬁc biological functions to them.
Useful tools for loss-of-function studies include PLD knockout
and a panel of potent pharmacological inhibitors of PLDs, both
pan and isoform-selective (19, 47). Such tools allow identiﬁcation of scenarios where PLD-mediated PA is necessary for
downstream events. Gain of function would be optimal to
enable tests for sufﬁciency, but it is harder to achieve using
conventional approaches. To enable gain-of-function studies
with high spatiotemporal control, we took two parallel approaches, one based on engineered proteins and the other
small-molecule lipid mimetics.
First, to develop a tool to enable spatiotemporally deﬁned
production of PA, we focused on engineering a PLD whose
localization could be controlled on demand. We desired an
orthogonal system for PA production in cells, so we avoided
using mammalian PLDs, whose activities are under complex
regulation and whose noncatalytic functions are notable
(29, 35). Therefore, we turned to a bacterial PLD from
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Streptomyces sp. PMF (PLDPMF), which shares catalytic activity
with mammalian PLDs in generating PA via PC hydrolysis. Yet,
PLDPMF has low overall homology with mammalian PLDs and
lacks all reported regulatory domains, including PI(4,5)P2binding pocket, N-terminal PKC interaction site, and C-terminal RhoA interaction site, and sites for eukaryotic posttranslational modiﬁcations such as palmitoylation (16). Thus,
PLDPMF could potentially be an orthogonal catalyst in
mammalian cells, one whose activity could be manipulated in an
independent manner. Whereas the activation of mammalian
endogenous PLDs by upstream effectors (e.g., PKC and Rho) is
typically accompanied by additional pleiotropic effects, the
activation of PLDPMF is bioorthogonal, enabling the dissection
of the outcome of PA production from other effects of such
pharmacological stimulation of endogenous PLD signaling.
We found that untagged PLDPMF was localized in the
cytosol — that is, not on any membrane-bound compartments
— when expressed in mammalian cells. To enable recruitment
of PLDPMF from the cytosol to a target membrane for activation, we applied an optogenetic dimerization system that uses
CRY2 and CIBN (48). We fused CRY2 to PLDPMF together
with the mCherry ﬂuorescent protein. CIBN was fused, separately, to various genetically encoded, organelle-targeting tags
to target it constitutively to a desired organelle membrane.
When kept in the dark, CRY2 and CIBN remain dissociated.
Upon activation by blue light, CRY2–CIBN dimerization
brings PLDPMF to the desired organelle membrane (Fig. 5A).

ASBMB AWARD ARTICLE: Chemical biology tools to study phosphatidic acid signaling

Figure 5. Light-controlled protein- and small-molecule-based gain-of-function tools to manipulate PA signaling. A, schematic depiction of optoPLD.
CRY2–CIBN dimerization, triggered by blue light, brings PLDPMF to the desired organelle membrane. Organelle-speciﬁc PA production was conﬁrmed using a
genetically encoded PA probe. B, directed evolution platform for engineering PLD mutants with altered catalytic activities. A PLD library with random
mutations was expressed in yeast cells, followed by FACS-based selection using IMPACT. C, chemical structures of azobenzene-containing photoswitchable
PA analogs, AzoPA, and dAzoPA, whose acyl tail structures can be controlled by light. Confocal microscopy images are reproduced from Tei and Baskin
(2020), originally published in Journal of Cell Biology (27). The scale bars represent 5 μm. ER, endoplasmic reticulum; FACS, ﬂuorescence-activated cell
sorting; IMPACT, Imaging PLD Activity with Clickable Alcohols via Transphosphatidylation; optoPLD, optogenetic phospholipase D; PA, phosphatidic acid;
PM, plasma membrane; TGN, trans-Golgi network.

We termed this tool optogenetic PLD (optoPLD) and
conﬁrmed its ability to produce spatially and temporally
regulated pools of PA by using a genetically encoded PAbinding probe (27).
Similar to mammalian PLDs, PLDPMF catalyzes both hydrolysis and transphosphatidylation (49, 50); thus, IMPACT
labeling is also useful for monitoring and quantifying optoPLD
activity. We generated a PLD1/2 double knockout HEK293T
(PLD1/2KO) cell line to eliminate any undesired signal from
endogenous PLD activities. Using IMPACT coupled with ﬂow
cytometry in PLD1/2KO cells expressing optoPLD, we found
that optoPLD exhibits light-dependent PA production, with a
signal-to-noise ratio of greater than 10:1 for optoPLDs targeted to four different organelle locations (27). Moreover, via
IMPACT coupled with LC–MS, we conﬁrmed that optoPLD
produces lipids with similar acyl chain compositions as
mammalian PLDs, indicating that it can function as a mimic of
mammalian PLDs and produce biologically relevant pools of
PA in cells.
IMPACT enabled not only the characterization of our panel
of optoPLDs but also the further engineering of the tool. By
combining IMPACT with yeast-based directed evolution, we
developed a selection system for engineering PLDPMF mutants
with different catalytic efﬁciencies (Fig. 5B) (27). We expressed
a PLDPMF library with randomly generated mutations in yeast
cells, ﬂuorescently labeled them using IMPACT, and subjected
the cells to FACS to isolate cells with higher IMPACT labeling.
The optoPLD mutants obtained from this selection exhibited
wide-ranging activities both higher and lower than WT
PLDPMF, which adds ﬁner tunability to the system and would
be potentially useful to reproduce different activation states of

mammalian PLDs in cells. We are currently adapting this
directed evolution strategy to a mammalian cell-based engineering platform to develop super-active optoPLD mutants
with optimal properties for use in mammalian cells.
Although our collection of optoPLDs enables rapid and
highly tunable control of the amount and subcellular localization of PA, it requires genetic manipulation of cells for its
expression, which limits its application in certain systems such
as hard-to-transfect cell lines. Thus, as a complementary
approach to optoPLD, we developed synthetic, small-molecule
PA analogs that can be reversibly activated and deactivated by
light. We focused on photoswitchable lipids, which exhibit a
hydrophobic azobenzene photoswitch in their lipid tail (51).
Photoswitchable lipids have emerged as powerful tools to
optically control functions of bioactive lipids while keeping
their native head group structures. The light-controlled cis–
trans isomerization of azobenzene units allows optical
switching of lipid tail structure between its straight and bent
forms, which are often associated with different bioactivities in
various biological systems and where the bent, cis forms have
usually been found to be more active (52–55).
Based on this concept, we developed PA analogs containing
azobenzene moieties in one or both of their lipid tails (Fig. 5C)
(28). These PA analogs, termed AzoPA and dAzoPA, respectively, were efﬁciently incorporated into both HEK293T and
NIH3T3 cells, as conﬁrmed by HPLC quantiﬁcation of wholecell lipid extracts. We observed no noticeable differences in the
uptake efﬁciency between the light-activated cis forms and
dark-adopted trans forms. Moreover, we found that the PA
analogs could be subjected to cellular lipid metabolism and
become converted to other azobenzene-containing species
J. Biol. Chem. (2022) 298(4) 101810
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that corresponded to photolipid analogs of DAG, LPA, free
fatty acids, and PC. For example, in NIH3T3 cells, 40 to 60% of
AzoPA and dAzoPA were left unmetabolized after a 1-h
treatment of cells with each compound, with the cis and
trans forms exhibiting different conversion rates (28). These
analyses conﬁrm that the PA analogs can be effectively
incorporated into cells and recognized by endogenous lipidmodifying enzymes as well as highlight the rapid and complex metabolism of PA in cells (10, 11).
Finally, having established both genetically encoded and
small-molecule tools for light-controlled production of PA
within cells, we sought to explore their utility to direct
endogenous, PLD-dependent PA signaling events. To highlight
one example, we applied them to study the effects of PA on the
Hippo signaling pathway (Fig. 6A). Hippo signaling is a
mechanism by which cells can control growth and proliferation (56). When it is in the “on” state, it reduces cell growth
and proliferation by activating the large tumor suppressor 1/2
kinases, which phosphorylate a key progrowth transcription
factor, Yes-associated protein (YAP), and prevent its translocation to the nucleus (57). In the Hippo “off” state, nuclear
translocation of YAP is permitted, leading to the activation of
cell growth and proliferative gene expression programs. A
recent study demonstrated that PLD-derived PA attenuates
Hippo signaling, leading to the decreased phosphorylation and
correspondingly increased nuclear translocation of YAP (58).
The subcellular localization of the relevant PA pool, as well as
a deﬁnitive identiﬁcation of the relevant PA effector protein(s),
however, remained unknown.
To address these questions, we expressed optoPLDs targeted to different organelle membranes in HEK293T cells.
Upon light-mediated recruitment and activation of optoPLD
to trigger PA production at different membrane locations, we
found that this effect was strongly regulated by a plasma

membrane pool of PA (Fig. 6, B and C) (27). Moreover, with
plasma membrane-targeting optoPLD mutants bearing a range
of catalytic efﬁciencies, derived from our directed evolution
studies, we demonstrated that this effect increases proportionally to the amount of PA produced, indicating that inhibition of Hippo signaling is exquisitely sensitive to the amount
of PA produced in the plasma membrane (Fig. 6D). To conﬁrm
these ﬁndings using small-molecule, photoswitchable PA analogs in a second and hard-to-transfect cell line (NIH3T3
cells), we similarly evaluated YAP localization. Excitingly, we
found that light-activated, cis forms of both AzoPA and
dAzoPA efﬁciently increased the nuclear translocation of YAP,
verifying the bioactivity of the PA analogs, as well as their
ability to be controlled by light-mediated azobenzene isomerization (Fig. 6E) (28). Collectively, optoPLD and photoswitchable PA analogs are tools capable of producing
functional pools of PA with spatiotemporal precision.

Conclusion and outlook
Decoding the pleiotropy of lipids that act as signaling
molecules has been a major motivating challenge for those
who study the cell biology of lipid signaling. PA is a class of
molecules with simple structures yet complex functions. Historically, PA has been difﬁcult to study because of its interconnected metabolic network, which is subject to strong
homeostatic regulation. To study PA functions with minimal
perturbations to endogenous signaling, we have applied the
concepts of molecular design to develop small-molecule and
protein-based tools that enable rapid monitoring and control
of PA production in cells with high spatiotemporal resolution.
For visualizing and quantifying PA production, we have
developed IMPACT. This approach uses a small-molecule
alcohol bearing a bioorthogonal chemical handle for labeling

Figure 6. Application of optoPLD and photoswitchable PA analogs to reveal localization and dose-dependent functions of PA in Hippo signaling.
A, schematic depiction of PA as a regulator of Hippo signaling. PA binds and inhibits the effectors of Hippo signaling including NF2 and LATS, promoting the
nuclear localization of YAP. B, OptoPLD targeting to the plasma membrane signiﬁcantly increased the level of YAP localized in nuclei in optoPLD-transfected
cells compared to nontransfected cells. The scale bar represents 10 μm. C, quantiﬁcation of YAP localization changes induced by active optoPLD (red) at four
different membranes compared to negative controls (blue and gray). D, OptoPLD mutants obtained from PLD engineering (Fig. 5B) reveal that the extent of
YAP translocation depends on the catalytic activity of the PM-optoPLD construct and thus the amount of PA produced in the plasma membrane. E, lightactivated cis form of photoswitchable PA analogs (AzoPA and dAzoPA) signiﬁcantly increased the level of nuclear YAP in NIH3T3 cells. B–D are reproduced
from ©Tei and Baskin (2020), originally published in Journal of Cell Biology (27). **p < 0.01; ***p < 0.001; ****p < 0.0001. AU, arbitrary units; dPLD,
catalytically dead PLD; ER, endoplasmic reticulum; ns, not signiﬁcant; optoPLD, optogenetic PLD; PA, phosphatidic acid; PLD, phospholipase D; PM, plasma
membrane; TGN, trans-Golgi network.
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PLD-produced pools of lipids by click chemistry, enabling both
single-cell and bulk analyses. To precisely visualize the subcellular locations of PLD signaling, we have developed a
variant, RT-IMPACT, which uses the rapid, ﬂuorogenic
IEDDA reaction to achieve real-time imaging of the click
chemistry tagging reaction and enable visualization before
rapid inter-organelle trafﬁcking of the IMPACT-derived ﬂuorescent lipids.
The development of IMPACT and RT-IMPACT paved the
way to build a novel gain-of-function tool to perturb PA
production. OptoPLD, which uses light-triggered protein
dimerization to recruit PLDPMF to desired membranes, enables
the production of bioactive PA pools with spatiotemporal
control. IMPACT was a critical tool not only to evaluate and
characterize the activity of optoPLD but also to engineer
optoPLD mutants that exhibit various catalytic efﬁciencies and
thus can mimic different activation states of mammalian PLDs.
Moreover, as a complementary tool to optoPLD, we synthesized photoswitchable PA analogs bearing azobenzene photoswitches in their acyl tails. These PA analogs dispense with
the need for genetic manipulation and could thus enable applications in a broader set of biological systems.
Collectively, IMPACT, RT-IMPACT, optoPLD, and photoswitchable PA analogs provide complementary approaches to
understand PLD-mediated PA signaling, either by monitoring
or perturbing PA activity in cells. Potential applications of
these tools abound. For the IMPACT-based tools, future avenues should capitalize upon the unique strengths of IMPACT
and RT-IMPACT at visualizing and quantifying PLD activity at
the single-cell and subcellular levels, respectively. In parallel to
studies that harness the ability of IMPACT to precisely track
PLD signaling dynamics, the application of optoPLD to other
PA-dependent signaling pathways beyond Hippo signaling
could be a powerful approach to determine the localization of
functionally relevant pools of PA. For instance, the involvement of PA in mTOR signaling has long been debated (59, 60).
PA binds to and allosterically regulates mTOR and its components for their activation (61–63), but the precise location(s)
where this activation takes place and which of the biological
functions of mTOR are controlled by PA (i.e., using stringent
tests for necessity and sufﬁciency) remain open questions in
many contexts (63, 64). We envision that the panel of
optoPLDs with varying catalytic efﬁciencies will serve as useful
tools to address these questions, as well as questions regarding
the role of PA at other biological sites, including mitochondrial
dynamics (65, 66) and nuclear envelope maintenance (67).
In closing, we believe that lipid signaling represents fertile
ground for the development and application of chemical
biology-based approaches to fuel the discovery of new biological ﬁndings. As molecules that are not directly genetically
encoded but instead are the products of complex and intertwined metabolic pathways, lipids represent sometimes devilishly elusive targets for tool development. We have devoted
our efforts thus far to produce a collection of tools for the
precise visualization and manipulation of one such signaling
lipid, PA. These approaches are inspired by foundational work
across multiple disciplines including lipid biochemistry, cell

biology, genetics, optogenetics, protein directed evolution, and
of course chemical biology. We hope that they will in turn spur
the parallel development of tools for probing other types of
lipids and widen the possibilities for what types of longstanding questions about the biological functions of lipids can
be answered.
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